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ABSTRACT
Ethyl acetate and ethanol are intermediates in 
2-butanone catabolism by strain LSU-169, an aerobic 
soil bacterium. It has been proposed that an oxygenase 
converts 2-butanone to ethyl acetate which is subse­
quently hydrolized to ethanol and acetate by an acetyl­
esterase. Esterase activity is present in crude cellular 
extracts of LSU-169 grown on 2-butanone but not in ex­
tracts of cells grown on acetate or ethanol. The purifi­
cation and characterization of the acetylesterase involved 
in 2-butanone degradation and the characterization of 
strain LSU-169 with its assignment to the genus Nocardia 
are reported in this dissertation.
Strain LSU-169 is a gram-positive, nonacid-fast 
bacterium whose growth is characterized by a cycle in which 
coccoid cells are transformed into pleomorphic rods which 
are partially fragmented after 24 hr of incubation. No 
aerial mycelium is produced. The cells are not lysed by 
lysozyme. Electron microscopy of carbon replicas of cells 
revealed primary and secondary branching of rods along 3 
axes. Mycelial growth appeared to occur, but it was 
transitory: septa formed in old branches while new branches 
were forming and elongating. The ultrastructure of the
ix
organism was examined by electron microscopy of thin 
sections of cells. The structure of the cell wall was 
typical of that of Nocardia and Mycobacterium species.
The cells contained lipid granules, metachromatic granules, 
and mesosomes which were not complex. The presence of 
nocardic acids in the cell walls was demonstrated. Strain 
LSU-169 was assigned to the genus Nocardia.
Cells of LSU-169 grown on succinate were suspended in 
a medium containing 2-butanone, and whole cells were assayed 
for esterase activity. Esterase was induced in the cells 
by 2-butanone with time. The specific activity of fully 
induced cells was 27 units/mg (dry wt) cells, and the 
specific activity of extracts of these cells was 40 units/ 
mg protein. The esterase may be periplasmic; it is not 
extracellular. The esterase was purified to homogeneity 
by a procedure involving MnCl2 treatment, (NKUjaSd* 
fractionation, DEAE-cellulose column chromatography, and 
preparative polyacrylamide disc gel electrophoresis. A. 
buffered solution of the purified esterase containing 46 
ug protein/ml was stable to storage in the cold for 
several months but was not stable when diluted to 0.46 ug 
protein/ml.
The purified enzyme produced a single band in SDS- 
polyacrylamide gels but produced multiple bands in poly­
acrylamide disc gels, indicating that the esterase is an 
aggregating protein. The polypeptide molecular weight
determined by SDS gel electrophoresis of the purified 
esterase -was 59>300., and the molecular weight estimated 
by sucrose density gradient centrifugation of partially 
purified enzyme was 84,000. The data indicate that the 
esterase is a dimer with subunits of equal molecular 
weight.
The esterase did not hydroly.ze phosphates, sulfates, 
amides, dipeptides, lactones, or the ethyl esters of 
N-benzoyl-L-arginine or -tyrosine. The esterase hy­
drolyzed p-nitrophenyl acetate (PNPA), ethyl acetate, and 
methyl acetate. The apparent calculated for esterase 
activity with PNPA as the substrate was 6.7 x 10 “5 M, and 
the maximum velocity (V) was 1,225 umoles/min/mg protein. 
Nith ethyl acetate as the substrate, the apparent Km was 
5.6 x 10"4 M, and V was 1,026 umoles/min/mg protein.
No significant inhibition of esterase activity was 
obtained with organophosphates, mercuric compounds, 
eserine sulfate, sodium arsanilate, NaP, CaCl2, CoCl2, or 
MnCl2. The velocity was increased 55<^  "by 0.5 M methanol.
At concentrations from 7 x 10~4 to 4 x 10~3 M, 2-butanol 
and primary alcohols with chain lengths of 4 or more 
carbons inhibited esterase activity from 59 to Double
reciprocal plots of esterase activity with PNPA in the 
presence of different concentrations of 5-methyl-1-butanol
showed linear noncompetitive inhibition by the alcohol. 
The calculated from a replot of the intercepts or the 
slopes versus alcohol concentration was 1.0 x 10“3 M.
INTRODUCTION
Saturated aliphatic hydrocarbons can serve as the 
sole source of carbon and energy for many different micro­
organisms. There is convincing evidence, which has been 
reviewed by Markovetz (l), that certain species of bacteria 
and fungi attack n-alkanes by subterminal oxidation, pro­
ducing in sequence secondary alcohols, methyl ketones, 
acetate esters, and primary alcohols two carbons shorter 
than the hydrocarbon substrate. The organisms that were 
studied in elucidating this novel pathway were soil 
pseudomonads and a Penicillium species that had been 
isolated by elective culturing on 2-tridecanone. The same 
organisms were used in studies of methyl ketone metabolism. 
The results of studies on methyl ketone metabolism showed 
that an oxygenase inserts molecular oxygen into the methyl 
ketone to form the corresponding acetate ester, which is 
subsequently hydrolysed by an esterase to a primary alcohol 
and acetate.
Forney and Markovetz (2,3) identified undecyl acetate 
and 1-undecanol as intermediates in the degradation of 2- 
tridecanone by two Pseudomonas species and demonstrated the 
presence of oxygenase and esterase activities in crude 
extracts of cells grown on 2-tridecanone. Forney and
1
2Markovetz (4) cultured the pseudomonads on n-tridecane and 
found the intermediates 2-tridecanol, 2-tridecanone, undecyl 
acetate, and 1-undecanol in the culture fluids. Allen, 
Forney, and Markovetz (5) cultured a Penicillium species on 
n-tridecane and found the same intermediates that the 
pseudomonads had produced. Crude extracts of the fungus 
grown on n-tridecane or n-tetradecane exhibited both 
oxygenase and esterase activities. Hence it has been shown 
that subterminal oxidative cleavage of methyl ketones is an 
integral part of the pathway of subterminal oxidation of 
n-alkanes.
Forney, Daumy, and Larson (6) initiated a study of 
short-chain methyl ketone catabolism in microorganisms to 
test their hypothesis that the above pathway is a general 
biological phenomenon. A gram-positive bacterium, desig­
nated strain LSU-169, was isolated from the soil by elective 
culturing in a basal salts medium cortaining 2-butanone as 
the sole carbon source. Aliphatic methyl ketones of chain 
lengths C7, Cs, Cn, or C13 and even-numbered n-alkanes of 
chain lengths C6 through Cis can also serve as sole sources 
of carbon and energy for the organism (F.W. Forney, un­
published data).
Strain LSU-169 was tentatively reported to be an 
Arthrobacter species (6). This assignment was based prima­
rily upon morphological characteristics and a growth cycle
3involving the transformation of coccoid cells into long 
pleomorphic rods which began to fragment after 24 hours. 
Part of the work to be reported here resulted in the 
amended assignment of LSU-169 to the genus Nocardia (7).
The nocardial pathway of 2-butanol and 2-butanone 
degradation proposed by Forney ejt al. (6) is as follows:
2-Butanol 2-Butanone -*■ Ethyl Acetate -*■ Ethanol 
+ Acetate
Ethanol -*■ Acetate -*• TCA and Glyoxalate Cycles 
The authors identified the intemediates by gas-liquid 
chromatography of culture fluid extracts. The results 
of respirometer experiments with whole cells indicated 
that the pathway is adaptive and that the enzymes in­
volved are induced sequentially by their substrates. This 
pathway is analogous to the pathway for 2-tridecanone 
catabolism by the pseudomonads (2,8) and the Penicillium 
species (5). It was of interest, therefore, to examine 
the catabolism of 2-tridecanone by the Nocardia species. 
Undecyl acetate and 1-undecanol were identified as 
metabolites (6). Evidently, the pseudomonads, the Peni­
cillium species, and the Nocardia species all degrade 2- 
tridecanone in the same way.
Forney et al. (6) demonstrated with crude cellular 
extracts of LSU-169 that an esterase which hydrolyzes
ethyl acetate is induced by growth on 2-butanone or 2- 
butanol but not by growth on ethanol, acetate, or succinate,, 
If the proposed pathway for 2-butanone catabolism is correct, 
ethyl acetate is a key intermediate and the physiological 
substrate for an inducible acetylesterase (EC.1.1.6). To 
my knowledge, only one other bacterial acetylesterase whose 
physiological function is known has been purified and 
studied. This acetylesterase hydrolyzes undecyl acetate in 
the pathway of 2-tridecanone catabolism by Pseudomonas 
cepacia (9*10).
The purification and characterization of the nocardial 
esterase was undertaken to provide additional evidence for 
the proposed pathway of 2-butanone degradation, to examine 
the enzymology of a bacterial acetylesterase whose physi­
ological substrate is known, and to allow comparisons 
between two acetylesterases from two different orders of 
bacteria with analogous functions in methyl ketone 
metabolism.
REVIEW OF LITERATURE
The metabolism of acetone represents a special case 
of methyl ketone metabolism and will not be reviewed here. 
The literature demonstrating the widespread natural oc­
currence of aliphatic methyl ketones as components of 
plants, plant products, insect secretions, and dairy 
products was adequately reviewed in 1971 by Forney and 
Markovetz (11). In this review, the authors pointed out 
that hydrocarbons, secondary alcohols and esters are 
frequently found with methyl ketones in natural substances 
and that the chain length and structures of the compounds 
suggest possible precursor-product relationships. Al­
though the reactions involved in the formation of methyl 
ketones by plants and insects are not completely known, 
two pathways for the biosynthesis of methyl ketones by 
microorganisms have been demonstrated: abortive B-oxida- 
tion of fatty acids and subterminal oxidation of n-alkanes.
It is well documented (11) that several species of 
filamentous fungi can convert fatty acids to methyl ketones 
having one less carbon than the progenitor fatty acids, and 
the pathway by which this conversion occurs has been eluci­
dated:
5
6fatty acid -+a , p-unsaturated acid -*■ p-hydroxy 
acid -*• « -keto acid methyl ketone + C02 •
Penicillium roqueforti is able not only to produce methyl 
ketones from fatty acids but to reduce synthetic methyl 
ketones or those formed via abortive p-oxidation of fatty 
acids to the corresponding secondary alcohols (12). This 
secondary transformation of methyl ketones is interesting 
because two of the several postulated pathways for hydro­
carbon biosynthesis have a methyl ketone intermediate that 
is sequentially reduced to produce an n-alkane (13,14): 
methyl ketone -*■ secondary alcohol -+■ 1-alkene 
n-alkane.
Although it has not been ascertained that methyl 
ketones have a role in the biosynthesis of alkanes, there 
is much evidence attesting that methyl ketones are inter­
mediates in the microbial degradation n-alkanes by sub- 
terminal oxidation (14,13)5 and the literature reviewed 
below indicates that the oxidation proceeds by the following 
pathway in certain bacteria and filamentous fungi: 
n-alkane -»■ secondary alcohol -*■ methyl ketone -*■ 
acetate ester -♦■primary alcohol + acetate.
In 1963 Lukins and Poster (16) reported that tftrco- 
bacterium smegmatis 422 grew on and produced the correspond­
ing methyl ketones from n-propane, n-butane, n-pentane, and 
n-hexane, but not from n-undecane. Cell suspensions of the
7organism oxidized all of the ketones; and, with the 
exception of 2-hexanone, all supported growth. 2-Hexanol 
was found in cultures grown on n-hexane, but the other 
secondary alcohols were not detected. Lukins and Foster 
inferred from their data that methyl ketones are inter­
mediates at least in the oxidation of gaseous n-alkanes.
Evidence that methyl ketones are also intermediates 
in the oxidation of long chain n-alkanes was obtained by- 
Klein, Casida, and Davis (17). They isolated a soil 
Arthrobacter species that co-oxidized n-hexadecane and 
identified 2-, 3-, and 4-hexadecanone as the oxidation 
products. Approximately 72$ of the ketonic products was 
the methyl ketone.
Klein and Henning (14) isolated another Arthrobacter 
species that oxidized n-hexadecane. Analysis of the hydro­
carbon phase of the culture fluid by gas-liquid chroma­
tography revealed the presence of the isomeric ketones found 
by Klein et al. and the corresponding secondary alcohols as 
well. There was a predominance of the number 2 carbon 
oxidation products and no 1-hexadecanol could be detected. 
The authors suggested a mechanism that could explain the 
small percentage of oxidation products involving the number 
3 and 4 carbons: "...the initial free-radical attack may 
take place only at the number 2 carbon, followed by hydrogen 
shifts yielding free-radicals at adjacent methylene
8groups (14)." Suspensions of washed cells that had been 
grown in the absence of hydrocarbons oxidized secondary 
alcohols to ketones with no lag period, indicating that 
the alcohol dehydrogenase activity is constitutive.
Hayasaka and Klein (18) demonstrated with whole cells 
and cellular extracts that the n-alkane methylene hydroxyl­
ase activity is inducible, A number of different compounds 
having carbon chain lengths of 10 or greater served as in­
ducers, the most effective being n-alkanes. The addition 
of reduced pyridine nucleotides and ferrous ions to the 
cellular extracts stimulated the hydroxylase activity.
Klein and his co-workers (14,18) concluded that secondary 
alcohols are intermediates in the oxidation of n-alkanes to 
ketones and that alcohol formation by a methylene hydroxyl­
ase is the limiting step in ketone production.
The mechanism by which microorganisms degrade aliphatic 
methyl ketones other than acetone has only recently been 
investigated. In 19&7, Forney, Markovetz, and Kallio (8) 
published the first report of the isolation and character­
ization of an oxidative intermediate from the metabolism 
of a higher methyl ketone. Pseudomonas 4G-9, later 
identified as P. multivorans, was isolated from the soil by 
enrichment culturing on 2-tridecanone. Many different long 
chain carbon compounds, including n-tridecane, could in­
dividually support growth of the isolate. The pseudomonad
9degraded 2-trideeanone into several products which were 
extracted from the culture fluid and identified hy gas- 
liquid chromotography. The major products were 1-undecanol, 
undecanoic acid, and 2-tridecanol. 1-Decanol was found in 
trace amountsc The identity of 1-undecanol was confirmed 
by chemical and infrared spectral analyses. The pseudo­
monad formed 2-tridecanone and 1-undecanol with 2-tri- 
decanol as the growth substrate.
Based on the structures of the metabolites, Forney 
et al. (8) proposed a novel pathway in which 1-undecanol 
and a C2 fragment are formed by the subterminal oxidation 
and cleavage of 2-tridecanone. 1-Undecanol is oxidized to 
undecanoic acid which is utilized by p-oxidation. Although 
the 2-carbon fragment had not been identified, the authors 
believed it might be acetate, a substance which had been 
shown to support growth of the pseudomonad.
Subsequently Forney and Markovetz (2) identified 
undecyl acetate as another intermediate in the pathway.
The ester had not been detected previously because it does 
not accumulate in cultures. Forney and Markovetz proposed 
that an oxygenase converts the methyl ketone to the ester 
by a mechanism analogous to the chemical Baeyer-Villiger 
reaction of peracids with methyl ketones and that an 
esterase hydrolyzes the product to 1-undecanol and acetate. 
The oxygenase appears to be the rate-limiting enzyme because
10
the 1-undecanol accumulates but the ester does not. Forney 
and Markovetz (3) later demonstrated the presence of both 
the oxygenase and the esterase activities in cell-free 
extracts prepared from the pseudomonad grown on 2-tri­
decanone.
Markovetz (l) grew the pseudomonad on 2-tridecanone 
in an 180-enriched atmosphere and analyzed the metabolites 
by mass spectrometry. The results indicated that the ester 
was formed by the incorporation of molecular oxygen into 
the ketone and that the undecanol portion of undecyl acetate 
contained the label.
There is at least one filamentous fungus that oxicizes 
n-alkanes and methyl ketones by the subterminal pathway. 
Allen (19) grew a Penicillium species on n-tetradecane and 
identified the corresponding secondary alcohol and methyl 
ketone as metabolites. Unfractionated enzyme preparations 
from the organism exhibited 2-tetradecanone oxygenase end 
dodecyl acetate esterase activities. Allen et al. (5) found 
that extracts of the fungus grown on tridecane had undecyl 
acetate esterase activity. Oxygenase activity was demon­
strated by the production of undecyl acetate in buffered 
mixtures containing cellular extracts, 2-tridecanone, NADH, 
and diisopropylfluorophosphate (to inhibit the esterase 
present).
Iizuka, Lin, and Iida (20) reported that Hormodenclrum
11
hordei and a Cladosporium species produced esters when 
grown on n-alkanes. The esters which formed in cultures 
grown on n-pentadecane or n-hexadecane were isolated and 
analyzed by ultra-violet, infrared, and mass spectrometry. 
The results indicated that the esters from both substrates 
were very similar, both being unsaturated esters containing 
17 carbon atoms. The location of the carbonyl group was 
not determined, and no mechanism for biosynthesis or for 
further degradation of the ester was proposed by the authors. 
Although it is well documented (1,4,5,21) that the methyl 
ketones formed during growth on n-alkanes are oxidized to 
esters, the above is apparently the only report of an un­
saturated ester, one or two carbons longer than the growth 
substrate, being a product of microbial n-alkane oxidation.
The reaction sequence for cyclohexanol catabolism by 
Nocardia globerula CL1 as determined by Norris and Trudgill 
(22) is:
Cyclohexanol -► Cyclohexanone -+■ e-Caprolactone -*•
6-Hydroxycaproate Adipate.
This pathway is analogous to that for methyl ketone 
degradation elucidated in Markovetz’s laboratory (2,3,8), 
and apparently the same general classes of enzymes catalyze 
the reactions in both pathways.
Norris and Trudgill (22) demonstrated with whole cells 
that both the oxygenase that converts the ketone to the
12
lactone and the lactone hydrolase are induced in the 
nocardia by growth on cyclohexanol but not by growth on 
£-hydroxybenzoate. Crude cellular extracts oxidized 
cyclohexanone to 6-hydroxycaproate, but no lactone could 
be detected because the lactone hydrolase had a specific 
activity 30-fold greater than the oxygenase.
Experiments with partially purified oxidase prepa­
rations containing no. lactone hydrolase activities showed 
that e-caprolactone is produced and that the enzyme re­
sponsible for this transformation is a mixed-function 
oxygenase requiring NADPH and molecular oxygen for activity 
(22). The oxygenase was not inhibited by metal-ion 
chelating agents, sodium azide, or sodium arsenite. Crude 
cell extracts in the presence of added NAD+ catalized the 
conversion of 6-hydroxycaproate to adipate. Lactone 
hydrolase activity against e-caprolactone was demonstrated 
with crude cellular extracts, but this enzyme was not ex­
amined further.
Griffin and Trudgill (23) isolated a Pseudomonas 
species by elective culturing on cyclopentanol and followed 
the experimental format used by Norris and Trudgill (22). 
Griffin and Trudgill found cyclopentanol degradation by 
Pseudomonas to be inducible and to follow essentially the 
same pathway as that for cyclohexanol degradation by
15
Nocardia. The same types of enzymes are involved in both 
pathways, but how closely the enzymes are related is not 
known because the cellular extracts and partially purified 
preparations from the pseudomonad were tested for activity 
with 5-carbon cyclic substrates only. Trudgill and his 
associates (22,25) proposed that the mixed-function oxy­
genases in both organisms convert cyclic ketones to lactones 
by a Baeyer-Villiger type mechanism. Lactone hydrolase 
activity was shown to be present in induced cells, but the 
enzyme was not studied (25). At present, there is no 
evidence for or against the possibility that the inducible 
enzymes in these two pathways of cyclic ketone degradation 
are able to act on analogous aliphatic substrates.
Forney at al. (6) isolated a gram-positive pleomorphic 
bacterium (later identified as a Nocardia species) by 
elective culturing on 2-butanone. Growth of the organism 
on 2-butanone yielded culture fluid extracts containing 
metabolites which were identified as ethyl acetate and 
ethanol by gas-liquid chromatography. During growth on 2- 
butanol, the organism formed 2-butanone, ethyl acetate, and 
ethanol which accumulated in culture fluids. The authors 
concluded that 2-butanone was oxidized to ethyl acetate, 
the hydrolysis of which yielded ethanol and acetate. The 
results of respirometer experiments with whole cells in­
dicated that the pathway is adaptive and that the enzymes
14
involved are sequentially induced by their substrates. The 
presence of an esterase which hydrolyzes ethyl acetate was 
demonstrated in crude extracts of cells grown on 2-butanone 
or 2-butanol but not in extracts of cells grown on ethanol, 
acetate, or succinate. Extracts of cells grown on ethyl 
acetate had very low esterase activity, either because 
ethyl acetate was a poor inducer or because chemical 
hydrolysis rapidly converted the ester to ethanol and 
acetate which are not inducers.
Because the pathway of 2-butanone degradation by the 
nocardia is analogous to the pathway of 2-tridecanone 
degradation by pseudomonads, Forney et. al, (6) investigated 
the degradation of 2-tridecanone by the nocardia. They 
found that undecyl acetate and 1-undecanol are metabolites, 
indicating that the nocardia and pseudomonad degrade 2- 
tridecanone in the same way,
Shum and Markovetz (9.,10) have purified and character­
ized the undecyl acetate esterase involved in the degra- 
tion of 2-tridecanone by Pseudomonas cepacia. The esterase 
was induced in cells by growth on 2-tridecanol, 2-tri­
decanone, or undecyl acetate. Induction was not detected 
until 5 hours after addition of the inducer. Although the 
esterase attacked aliphatic acetate esters of various chain 
lengths, opitmal activity was observed with undecyl acetate 
as the substrate. An apparent of 2 x 10~5 M for undecyl
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acetate was reported. The esterase was strongly inhibited 
by organophosphates. The enzyme is particulate, but puri­
fication was accomplished after solubilization of the 
esterase with Triton X-100. A molecular weight of 34,000 
of the solubilized enzyme was determined by gel filtration.
MATERIALS AND METHODS
Chemicals
Unless stated otherwise, reagent grade chemicals and 
glass-distilled deionized water were used in all experi­
ments. The sources of special chemicals and proteins are 
given with the procedures in which they were used.
Organism and Media
All experiments were performed with Nocardia strain. 
LSU-169, a soil bacterium isolated by Forney erfc al. (6 ). 
Stock cultures were maintained on brain-heart infusion 
(BHl) agar slants. The basal salts medium of Dworkin and 
Foster (2*0 supplemented with the appropriate carbon source 
was the medium used. Unless stated otherwise, the organism 
was cultured at 30 C on a rotary shaker. The growth cycle 
and its attendant morphological forms in cultures growing 
on BHI or 2-butanone were observed by light microscopy.
Tests for Lysozyme Sensitivity
The organism was cultured in basal salts medium con­
taining 0 .3 <i!: (w/v) 2-butanone for 13 hr, at which time the 
culture contained 0.16 mg cells (dry wt)/ml. The cells were
16
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harvested by centrifugation, washed twice in 0.03 M phos­
phate buffer, pH 7.5# and suspended to the original culture 
volume in the same buffer or in buffer containing 0.4 M 
sucrose. Egg white lysozyme (21,000 units/mg; Sigma Chem­
ical Co.) was added to the suspensions to give a concen­
tration of 0.2 or 2.0 mg/ml, and the treated suspensions 
were incubated in a water bath at 28 C for 2 hr. During 
the incubation, the turbidity of the suspensions in buffer 
lacking sucrose was monitored with a Klett-Summerson photo­
electric colorimeter (blue filter); and samples of the 
osmotically stabilized suspensions were examined micro­
scopically for the presence of spheroplasts.
Preparation of Crude Nocardic Acids
The organism was cultured for 72 hr in BHI broth con­
taining 54 (w/v) glycerol. The cells were harvested by 
centrifugation and washed 3 times in water. The washed 
cells were pressed between layers of filter paper to remove 
excess water, and 2 g (wet wt) of the cells were used. The 
procedures of Kanetsuna and Bartoli (25) for the saponi­
fication of the cells and for the extraction and pre­
cipitation of crude nocardic acids were followed. It was 
necessary to repeat the precipitation step to obtain a 
white preparation. After the precipitate was dried and 
weighed, the melting point was determined.
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Electron Microscopy
Carbon replicas were prepared from cells grown on BHI 
agar slants for 23 hr at ambient temperature. The single- 
stage technique of Bradley (26) was used, and the carbon 
replicas were shadowed with carbon-platinum.
Thin sections were prepared from cells that had been 
cultured for 24 hr in basal salts medium containing 0 .3^
(w/v) 2-butanone, harvested by centrifugation, and washed 
twice in water. The cells were fixed in osmium tetroxide 
according to the method of Kellenberger, Byter, and Sechaud
(27). The fixed cells were mixed with molten 3^ (w/v) agar 
in water. The solidified preparation was cut into small 
pieces and prestained in 0.515 (w/v) uranyl acetate in 
veronal acetate buffer (27). The preparation was de­
hydrated in graded concentrations of ethanol and embedded 
in Maraglas (Polyscience, Inc.) by the method of Erlandson
(28). Thin sections were cut with a duPont diamond knife 
on an LKB Ultratome I. The sections were post-stained with 
uranyl acetate (29) and Reynold's lead citrate stain (30).
An RCA EMQ-3G electron microscope operating at 50 kv 
was used to examine and photograph the specimens.
Protein Measurement
Protein determinations were made according to the method 
of Lowry, Rosebrough, Farr, and Randall (31). Crystalline
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bovine serum albumin (Sigma Chemical Co.) was used as the 
standard. Protein approximations were made by measuring
absorbance at 280 run and using an extinction coefficient of
1.0 ml/mg(cm) to calculate protein concentration.
Measurement of Esterase Activity
Enzyme solutions were prepared and diluted in 0.1 M 
tris(hydroxyraethyl)aminomethane-HCl (Sigma 7-9) buffer 
(tris buffer), pH 7.5* One unit is defined as that amount 
of enzyme which hydrolyzes 1 umole of substrate per min. 
Specific activity is expressed in units per mg of protein.
Reaction velocity is expressed as umoles of substrate
hydrolyzed per min.
A modification of the procedures of Huggins (52) and
Bier (55) was used to assay esterase activity with 
nitrophenyl acetate (PNPA), p_-nitrophenyl phosphate, or p_- 
nitrophenyl sulfate as the substrate. Hydrolysis of these 
substrates produces the chromogenic compound pniitrophenol 
which can be measured spectrophotometrically. The assays 
were performed at 50 C in cells in a Beckman DB recording 
spectrophotometer.
The assay system contained (i) 1.46 ml of 0.1 M tris 
or phosphate buffer at the chosen pH, 1.0 ml of PNPA (at the 
chosen concentration) in aqueous 5$ (v/v) methanol, and 0.04 
ml of enzyme at the appropriate dilution; (ii) 1.4 ml of 
0.1 M tris buffer, pH 7.5# 1*0 ml of aqueous 0.02 M £-
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nitrophenyl phosphate, and 0.1 ml of enzyme solution (4.6 
ug protein); or (iii) 1.4 ml of 0.1 M phosphate buffer, pH 
6.5 or 6.0, 1.0 ml of aqueous 0.02 M g^-nitrophenyl sulfate, 
and 0.1 ml of enzyme solution (4.6 ug protein). Reactions 
were initiated by the addition of enzyme.
Corrections for absorbance due to chemical hydrolysis 
of the substrate were made by the use of a reference cell 
that contained the same mixture as the assay but lacking 
the enzyme. Net changes in absorbance (A) at 400 nm with 
time were recorded on the chart, and the initial linear 
portion of the curve was used to calculate initial velocity. 
An extinction coefficient (E) for ]D-nitrophenol was de­
termined for each pH used in the assay system. Velocity 
was calculated as follows: v = AA/(E)(min).
A modification of the assay system (i) described above 
was used to examine the effect of alcohols on esterase 
activity. The assay mixture contained 1.66 ml of 0.1 M 
phosphate buffer, pH 7.5> 0.6 ml of 5 x 10“4 M PNPA, and 
0.2 ml of the alcohol solution or water; the reaction was 
initiated by the addition of 0.04 ml of purified enzyme 
solution (0.02 ug protein). The data to determine were 
obtained by varying the substrate or alcohol concentration 
while keeping the phosphate and methanol concentrations 
constant.
The effect of other inhibitors on esterase activity
l
21
was studied with an assay system similar to that with 
alcohols, but the procedure was modified. Inhibitor, 0.1 M 
tris buffer, pH 7.5* and purified enzyme were incubated to­
gether in the cell for 5 min at 50 C; and the reaction was 
initiated by the addition of 0.5 ml of 2 x 10"3 M PNPA.
Some of the inhibitors were not completely soluble in water; 
therefore, to measure reaction velocity in the absence of 
inhibitor, a control reaction was run in the presence of 
each, inhititor solvent. Tri-o-cresyl phosphate, bis-(p- 
nitrophenyl phosphate), phenylmercurie acetate, eserine 
sulfate, and sodium arsanilate (all products of K and K 
Chemical Co.) were gifts from Dr. A. J. Markovetz. 
Diisopropyl fluorophosphate (DFP) was purchased from Sigma 
Chemical Co. Solutions of eserine sulfate were prepared in 
quartz containers.
A prcpedure based on the hydroxamic acid method of 
Hestrin (^4) was used to assay esterase activity on 
methyl acetate and lactones. The assay mixture contained 
0.15 ml of 0.1 M substrate solution, 0.75 ml of 0.1 M 
phosphate buffer, pH 7.5* and 0.1 ml of purified enzyme 
solution. The reaction was initiated by the addition of 
enzyme and allowed to proceed for an appropriate length of 
time. The reaction was halted and the unhydrolyzed ester 
or lactone was converted to its hydroxamic acid derivative 
by the addition of 1.0 ml of a mixture (1:1) of 1.0 M
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NHaOH-HCl and 5.5 M KOH. After 1 min, 1.0 ml of 5.0 M 
trichloroacetic acid was added; and the mixture was cen­
trifuged. The pellet, containing precipitated protein, was 
discarded; and 0.5 ml of 2<$ (w/v) FeCl3 in 0.1 N HC1 was 
added to the supernatant fluid. The absorbance of the 
resulting solution was measured at 5^0 nm, and the concen­
tration of ferric hydroxamate was read from a standard 
curve.
A radiotracer method was used to measure esterase 
activity with ethyl acetate as the substrate in the concen­
tration range of 0.05 to 2.0 umoles/ml. Ethyl acetate-l-14C 
(specific activity 1.02 mCi/mmole; Mallinckrodt Chemical 
Works) was; diluted in methanol to give a 0.1 M solution. 
Further dilutions were made in water. The assay mixture 
contained 0.8 ml of 0.1 M phosphate buffer, pH 7.5, 0.1 ml 
of ethyl acetate-1-14C solution, and 0.1 ml of purified 
enzyme solution (0.025 ug protein). The enzyme was added 
to initiate the reaction. The mixtures were incubated for 
5 min in glass-stoppered tubes in a water bath at 50 C. To 
halt the reaction and extract unhydrolyzed ethyl acetate,
1.0 ml of toluene was added to the mixture; and the tube 
was shaken vigorously. Ethanol is also extracted by tol­
uene, but not the labeled acetate. The toluene layer was 
removed, and 0.1 ml of the toluene layer was added to 15 ml 
of Aquasol (New England Nuclear) in a scintillation vial.
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The radioactivity was counted in a Beckman Liquid 
Scintillation Spectrometer. Control mixtures containing 
tris buffer in place of enzyme were incubated, extracted, 
and counted in the same manner as the assay mixtures. The 
data obtained from the controls were used to correct the 
substrate disappearance measured in the assay mixtures for 
chemical hydrolysis and evaporation. The standard for 
ethyl acetate extraction by toluene, determined under the 
conditions of the assay, was 1,568,594 cpm extracted per 
umole of ethyl acetate-1-14C in the assay mixture. The 
reaction velocity (umoles hydrolyzed/min) was calculated 
as follows:
v - 2 (extracted control) - 2 (extracted cpm, assay)
1,56S,594 cpm/Umole ethyl acetate *
It was not necessary to use a quench-correction curve
because, with the scintillation cocktail and sample size
used, no quenching could be detected (S-values were greater
than 1 ).
Determr/bube assays (Worthington Biochemical Cozp.) TRY 
(N-benzoyl-L-arginine ethyl ester) and BTEE (N-benzoyl-L- 
tyrosine ethyl ester) were performed with the esterase 
according to the manufacturer's instructions, with the ex­
ception that 4.6 ug of purified enzyme protein was used in 
each assay.
Hydrolytic activity against a dipeptide was assayed 
by a spectrophotometric method. The assay mixture contained
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2.15 ml of 0.1 M phosphate buffer, pH 7.5, 0.25 ml of 0.4 M 
N-glycylglycine (aqueous), and 0.1 ml of purified enzyme 
solution (4.6 ug protein). The reference cell contained 
the same mixture less the enzyme. Hydrolysis of peptide 
bonds was measured by the decrease in absorbance at 250 nm.
Extraction of Esterase
Culture Methods. Dworkin-Foster basal salts medium 
(24) with 0.4$ (v/v) 2-butanone was used. The 2-butanone 
was not sterilized before use. Starter cultures contained 
100 ml of medium which had been inoculated with cells from 
a stock culture and then incubated for 50 hr. The starter 
culture was added to 1 liter of medium in a 2-liter flask 
and incubated for 24 hr. The resulting culture was the 
inoculum for 10 liters of medium in the fermenter vessel of 
a NBS Continuous Culture Apparatus (New Brunswick Scientific 
Co.). To compensate for loss of substrate in exhausted air, 
500 ml of 10$ 2-butanone in water was placed in a flask which 
was connected to the air supply. Every 6 to 8 hr during the 
48-hr incubation period, 50 ml of 2-butanone was added to 
the flask. Air entering the fermenter vessel had been bub­
bled through the 2-butanone-water mixture and then passed 
through a filter. The culture was agitated by aeration 
only. Continuous culturing was begun after 24 hr of in­
cubation and continued for 24 hr. The adjusted flow rate 
of the medium was approximately 416 ml/hr.
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One-liter cultures were grown in 2-liter flasks on a 
rotary shaker while the continuous culture apparatus was 
in use. The inoculum was prepared from a starter culture 
in the manner described above, and 100 ml of inoculum was 
added to each liter of mediume. The cultures were incubated 
for 24 hr.
Preparation of Crude Cellular Extract. Cells from the 
combined cultures were harvested in a Sharpies Super Cen­
trifuge equipped with cooling coils. The cells were removed 
from the bowl, and the wet weight was determined. The 
cells were washed twice in 0.1 M tris buffer, pH 7«5* and 
suspended in the same buffer to a volume of 6 ml/g wet 
weight of cells. The cell suspension, in 100-ml portions, 
was subjected to sonic disruption (Branson Model LS-75 
Sonifer) for 40 min at 7 amp. The temperature of the 
sonicate was maintained below 10 C, Cellular debris was 
removed by centrifugation at 43,500 £  for 45 min.
Purification of Esterase. During all procedures, the 
temperature of the preparation was maintained below 10 C.
To remove nucleic acids, 1/20 volume of 1.0 M MnCl2 
(aqueous) was added dropwise with stirring to the crude 
cellular extract, and stirring was continued for 15 min 
after all of the MnCl2 solution had been added. The mix­
ture was centrifuged at 18,000 g  for 25 min, and the pellet 
was discarded.
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The protein concentration of the supernatant fluid was 
adjusted to 10 mg/ml with 0.1 M tris buffer, pH 7.5; and 
sufficient solid ammonium sulfate to give 30<£ of saturation 
was added slowly with stirring. The mixture was stirred 
for 1.5 hr after all additions had been made. The pre­
cipitate was removed by centrifugation and discarded. The 
supernatant fluid was treated with solid ammonium sulfate 
in the manner described above to give 7CM of saturation, 
and the mixture was allowed to stand for 10 hr. The pre- 
cipitate was removed by centrifugation, dissolved in a 
minimal amount of 0.01 M tris buffer, pH 7.5> and dialyzed 
against two changes of the same buffer over a period of 6 
hr. The dialyzed preparation was diluted with the same 
buffer to a protein concentration of 10 mg/ml and treated 
with solid ammonium sulfate in the manner described above to 
obtain the precipitate between 40 and 60<£ of saturation.
The precipitate was dissolved in a minimal amount of 0.01 
M tris buffer, pH 7.5* and dialyzed against two changes of 
the same buffer over a period of 6 hr.
Sixty ml of the dialyzed solution (4,128 mg of protein) 
was applied to a 4.5 x 52 cm DEAE cellulose column (ion- 
exchange cellulose, Schleicher and Scheull, Inc.); and 
1400 ml of starting buffer, 0.01 M tris buffer, pH 7.5> 
was passed through the column. Elution was performed with 
a 2-liter linear gradient of zero to 1.0 M KOI in starting
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buffer, and 9.1-ml fractions were collected. Those 
fractions with a specific activity of 94 or higher were 
saved. The procedure for DEAE column chromatography was 
repeated with the remaining dissolved and dial zed ammonium 
sulfate precipitate.
The active effluent fractions from both DEAE columns 
were pooled and treated with solid ammonium sulfate to 
obtain the precipitate between 4-0 and 60^ of saturation.
The precipitate was dissolved in a minimal amount of 0.1 M 
tris buffer, pH 7.5* and dialyzed against two changes of 
the same buffer over a period of 5 hr.
The final purification step was preparative poly­
acrylamide gel electrophoresis with a Buchler Polyprep 
(Buchler Instruments, Inc.). The procedure given by the 
manufacturer was followed. A Beckman/Spinco Constant 
Regulated Power Supply operating at 50 ma (constant current) 
was used. The resolving gel was 6 cm long. A sample con­
taining 84 mg of protein (from the previous purification 
step) was applied to the gel. The effluent was collected 
in 50-drop fractions (about 2.2 ml) which were assayed for 
esterase activity. Fractions showing a specific activity 
of 1000 to 1200 were pooled, dialyzed against two changes 
of 0.01 M tris buffer, pH 7.5* for 6 hr, and lyophilized.
The procedure was repeated to obtain additional purified 
enzyme.
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Disc Gel Electrophoresis
Polyacrylamide disc electrophoresis was performed as 
described by Davis (35) and Omstein (36). Samples, each 
containing 210 ug of protein in 40# sucrose (aqueous), were 
applied to four gels; two samples containing 0.1 M tris 
buffer in place of the protein solution were applied to 
control gels. Bromphenol blue was the tracking dye. A 
Beckman/Spinco Constant Regulated Power Supply operating 
at 4 ma (constant current)/gel was used. To protect the 
enzyme from excessive heat during electrophoresis, the 
lower buffer reservoir was set in an ice bath; and test 
tubes containing ethanol and Dry Ice were placed in the 
upper buffer reservoir.
After electrophoresis, two of the gels containing 
protein and one control gel were measured and stained in K  
arnido black 10B (buffalo black) in 7<3 acetic acid (aqueous). 
The ge.-ls were destained in 7^ acetic acid on a reciprocal 
shake]’. The duplicate gels were measured and sliced with 
a gel slicer to give sections 1.6 mm thick. The sections 
were individually eluted with 0.5 ml of 0.1 tris buffer, 
pH 7.5. Esterase activity was qualitatively assayed on 
spot plates. One drop of eluate was added to 3 drops of 
3.48 x 10~4 M PNPA. The rapid appearance of a yellow color 
was taken as the presence of esterase in a section of gel. 
The band containing the esterase in the stained gel was
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located by the position of esterase activity in the sliced 
gel.
SDS-Polyacrylamide Gel Electrophoresis
Sodium dodecyl sulfate-polyacrylamide gel electro­
phoresis and calculation of molecular weight were performed 
by the methods of Weber and Osborn (37). The standards 
were crystalline bovine serum albumin (Sigma Chemical Co.), 
ribonuclease A, chymotrypsinogen, and ovalbumin (Calibra­
tion Kit for Molecular Weight Determinations, Pharmacia 
Pine Chemicals, Inc.),
Sucrose Density Gradient Centrifugation
Sucrose density gradient centrifugation and calculation 
of molecular weight were performed by the methods of Martin 
and Ames (38). The unknown sample contained 2.1 mg of 
partially purified esterase. The standards were hemoglobin 
(bovine; Sigma Chemical Co.) and catalase (Sigma Chemical 
Co.). The gradients were centrifuged in the SW-65 rotor for 
13 hr at *1-5,000 r.p.m. in a Beckman L2-65B Ultracentrifuge 
at C. After centrifugation, 10-drop fractions were col­
lected from the bottoms of the tubes and assayed to locate 
the protein bands in the gradients. Esterase was assayed 
with PNPA as the substrate. Hemoglobin and catalase were 
measured by the optical density at 406 and 280 nm re-
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spectively.
Induction Kinetics
The organism was cultured in 200 ml of basal salts 
medium containing 10 mmoles of succinate for 22 hr (late 
log phase), harvested by centrifugation, and washed twice 
in 0.1 M tris buffer, pH 7.5. The cells were suspended to 
the original volume in warm (30 C) basal salts medium with 
no carbon source and placed in a water bath-shaker at 30 G. 
After a 3-ml sample of the culture was taken, 0.8 ml of 
2-butanone was added to the culture to initiate induction. 
At appropriate time intervals, 3-ml samples of the culture 
were taken and placed in cold centrifuge tubes containing
0.3 ml of chloramphenicol solution (1 mg/ml; Sigma Chemical 
Co.). The samples were centrifuged and washed twice in 0.1 
M tris buffer, pH 7.5. The cells were suspended in 2.5 ml 
of the same buffer and 0.3 ml of chloramphenicol solution. 
The washing was necessary because 2-butanone inhibits the 
esterase. Chloramphenicol in the concentration used does 
not inhibit the esterase.
Dilutions of the washed samples were assayed for 
esterase activity with PNPA as the substrate. The assay 
procedure was similar to that given above for enzyme 
solutions, but whole cells were assayed; and boiled cell
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suspensions were used in the reference cell. Specific 
activities were expressed in units/mg cells (dry wt). The 
optical density at 660 nm of the diluted sample was read, 
and the corresponding dry wt/ml was taken from a standard 
curve.
RESULTS
I. Characteristics of LSU-169 
General characteristics
Strain LSU-169 is a gram-positive, orange-pigmented, 
aerobic soil bacterium. The organism grows well in a 
complex medium or in a mineral salts medium containing an 
appropriate carbon source but lacking vitamins or other 
supplements. Among the many carbon compounds that support 
growth of the organism are acetate, succinate, 2-butanone, 
and 2-butanol. The organism grows slowly with glucose or 
glycerol as the substrate, and the organism does not grow 
on cyclohexane or benzene.
Centrifugation at 16,300 g for 15 min was required 
for adequate sedimentation of cells from broth cultures.
The resulting pellets were waxy and difficult to disperse 
in buffers. Although the cells seem to be waxy, they are 
nonacid-fast; and colonies on solid medium are opaque and 
smooth.
Light microscopy revealed that colonies have rhizoid 
margins, but the organism does not produce aerial mycelium. 
LSU-169 appears to be resistant to desiccation: a culture 
on BHI agar in a petri dish was viable after standing at 
ambient temperature for 10 months. No attempt was made to 
find the percentage of viable cells.
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(Jell suspensions treated with lysozyme showed no 
doorcase Ln turbidity over a period of‘ 2 hr; and, over 
the same time period, no spheroplasts were seen in samples 
of osmotically stabilized cell suspensions treated with 
lysozyme. Under the conditions employed, lysozyme does 
not lyse cells of LSU-169; however, cells in samples 
removed from the shaker clumped and precipitated in a few 
minutes. The clumping of cells was also observed by 
light microscopy.
The yield of crude nocardic acids precipitated from 
ether extracts of saponified cell suspensions was 0.7 mg/g 
of cells. The precipitated acids had a melting range of 
65 to 68 G.
The developmental cycle of LSU-169 in BHI broth in­
oculated with coccoid cells was observed by light micro­
scopy. After 4 hr of incubation, many of the coccoid cells 
had outgrowths of one or two rods. Most of the cells in 
the 20-h.r culture were long pleomorphic rods, many of which 
had a branched appearance. Fragmentation of the rods was 
under way after 24 hr, and the 36-hr culture consisted 
primarily of coccoid cells.
There were only a few coccoid cells present in 48-hr 
cultures grown in BHI broth containing 5^ glycerol. Most 
of the cells were pleomorphic rods, and the rods exhibited 
more branching than the rods in 20-hr cultures in BHI broth
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without supplements.
The developmental cycle observed in cultures growing 
on mineral salts medium with 2-butanone was similar to 
that described above for BHI cultures, but each growth 
stage occurred at a time about 4 hr later than that of 
cultures in BHI broth.
Morphology and growth habit
Electron micrographs of shadowed carbon replicas 
were used to study the morphology and growth habit of the 
organism. The replicas clearly showed cell shapes, surface 
contours, septation, and direction of growth. The repli­
cas were prepared from 25-hr cultures because they con­
tained both rods and coccoid cells.
Figure la shows replicas of coccoid cells with scars 
at one or both ends. One replica shows the formation of 
scars at the site where a septum has begun to rupture. It 
has been shown in thin sections that the outer layer of the 
cell wall does not participate in septum invagination in 
coryneform bacteria (39) and nocardias (4o). The outer 
layer ruptures when cells separate, and the loose edges can 
be seen as scars on the daughter cells. The scars are 
useful references for locating the site where cell division 
has taken place and for distinguishing between old growth 
which contains a scar and new growth which has no scar at
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its terminus (Fig. la).
Primary branching is demonstrated in Fig. lb. The 
septum in the parent rod does not separate old growth 
from new growth. Septation at branch points was not seen 
in any specimens examined. Branching seems to occur by a 
type of budding in which the newly emerging growth has a 
smaller diameter than that of the parent cell. The branch­
ing habit of LSU-169 is also shown in Fig. lc. Two elong­
ated branches have emerged from a single parent rod, and 
no septum has formed. The replica in Fig. Id demonstrates 
branching growth along three axes. The shadow cast by the 
knob-like structure reveals that it is a vertical branch.
The replica in Fig. 2 exhibits secondary branching.
The parent rod has two branches, and new growth is emerging 
from the nonseptate branch. A mycelial type of growth 
appears to take place; but it is transitory, with septation 
occurring in old branches while new branches are forming 
and elongating.
Although branching was frequently seen in the speci­
mens examined, many of the rods were not branched. Fig. 5 
shows unbranched rods of various lengths and a long rod con­
taining three septa; the rod has a bud-like structure in­
dicating the initiation of a branch. Strain LSU-169 
evidently grows both by elongation followed by septation 
and by a type of budding that produces branched cells.
Fig. I. Carbon replicas of LSU-169 cells from a 23-hr
culture on BHI agar.
a. Coccoid cells showing a septum (s) which 
has begun to rupture and scars (unlabeled 
arrows) formed by septum rupture. One 
cell has new growth (G) emerging. The 
bar represents 1.0 urn.
b. A rod with a primary branch (B). The 
septum (s) was not formed at the branch 
point. The bar represents 1.0 um.
c. A single rod containing two branches of 
new growth. The bar represents 1.0 um.
d. Cells exhibiting growth along three axes. 
The arrow points to a vertical branch.
The bar represents 1 um.
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Pig. 2. Carbon replica of LSU-169 cells from a 25-hr 
culture on BHI agar. The parent rod (P) has 
two branches (B). New growth (unlabeled 
arrow) is emerging from the nonseptate branch. 
The bar represents 1.0 um.
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Pigo 3. Carbon replica of LSU-169 cells from a 23-hr 
culture on BHI agar. The bud-like structure 
(arrow) indicates the initiation of a branch. 
The bar represents 1.0 urn.
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Ultrastructure
To characterize further strain LSU-169, the ultra- 
structure was studied with thin sections. It was diffi­
cult, however, to obtain good thin sections because cells 
of the organism did not embed well in Maraglas.
The thin section in Pig. 4 provides additional 
evidence for branching growth by a type of budding. The 
carbon replicas showed that emerging growth has a smaller 
diameter than the parent cell, and the rod-shaped portion 
of the cells in Pig. 4 has a markedly smaller diameter 
than the spherical portion. The cell wall of the spherical 
parent cell is much thicker than that of the new growth.
The difference in thickness indicates that new growth 
occurs without altering the wall of the parent cell ex­
cept at the point of growth; hence, a form of budding is 
suggested.
The electron transparent inclusions in the rod (Fig. 4) 
were identified as lipid granules: cells of LSU-169 have 
Sudan Black B-positive granules, and thin sections of 
Nocardia asteroides(4o) contain lipid granules that have 
the same appearance as the inclusions shown in Fig. 4. 
Although the type of lipid present in LSU-169 is not known, 
the material is evidently not poly-B-hydroxybutyrate (PHB) 
because repeated attempts to detect PHB in the cells failed
Pig. 4. Thin section of LSU-169 cells from a 24 hr 
culture in defined medium with 2-butanone. 
The cell wall (CW) of the spherical parent 
cell is much thicker than that of the rod 
of new growth (G). A septum (s) is present 
in the spherical cell, and the rod contains 
several lipid granules (LG). The bar 
represents 0„5 tun*
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(F. W. Forney, unpublished data).
The oblique thin section in Fig. 5 shows the salient 
features of ultrastructure found in LSU-169. The cell 
wall appears to consist of three layers, including the 
outer one which does not participate in septum invagination. 
Thin sections of partially lysed cells (not shown) re­
vealed, however, that the wall also has an inner electron 
dense layer which adheres closely to the outer electron 
dense layer of the plasma membrane. External to the cell 
wall, there is a loosely bound sheath consisting of an 
outer electron dense layer and an inner electron trans­
parent layer. The thin section shows four mesosomes, the 
most complex one of which is near the invaginating septum. 
The large granular inclusion with no limiting membrane may 
be a metachromatic granule. Light microscopy of LSU-169 
cells stained with Loeffler’s methylene blue showed the 
presence of metachromatic granules.
The thin section of a partially lysed cell in Fig. 6 
may or may not be a cell of LSU-169* There were only two 
cells of this type seen on the grid. The diameter of most 
cells examined was about 1 um or less; but the cell in Fig.
6 is 1.7 um wide, and the cell wall is 0.14 um thick. 
According to Bergeyf s Manual (41), many coccoid cells in 
older nocardial cultures are transformed into resistant 
cells which are larger than vegetative coccoid cells.
Pig. 5. Thin section of LSU-169 cell from a 24-hr 
culture in defined medium with 2-butanone. 
The section was cut at an oblique angle 
through the cell. The section shows the 
cell sheath (CS), the cell wall (CW), the 
plasma membrane (PM), a septum (s), several 
mesosomes (M), and a granular inclusion (I). 
The bar represents 0.5 um.
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Fig. 6. Thin section of a partially lysed cell from a 
24-hr culture of LSU-169 in defined medium 
with 2-butanone. The bar represents 0.5 um.
49
' * $  4
/ '/.An**/
w£
50
Examination of 48-hr cultures of LSU-169 by light micro­
scopy has shown the presence of very large spherical cells, 
but such cells are rare. The cell in Pig. 6 could be a 
resistant cell of LSU-169 or a mutant cell.
II. Purification of Nocardial Esterase
The yield of cells from the fermenter-grown cultures 
was 2.85 g (wet wt)/l of culture, and the yield from.the 
1-liter cultures was 2.5 g/1 of culture. The combined 
cells from several cultures, 422.5 g (wet wt) of cells gave 
1100 ml of crude cellular extract; and the yield of esterase 
was 2,520 units/g of cells. During the purification, 
esterase activity was monitored with PNPA as the substrate.
Table 1 is an outline of the purification of the 
acetylesterase. The crude cellular extract had an
^280^260 ra/tio 0.64. Treatment with MnCl2 followed by 
fractionation with ammonium sulfate resulted in a prepa­
ration with an A280^A260 ra’t -^0 0.90. There was no sig­
nificant purification until the second ammonium sulfate 
fractionation was performed. The resulting enzyme prepara­
tion (step 4 in Table 1) was chromatographed on a DEAE - 
cellulose column. The elution profile of esterase activity 
and protein is shown in Pig. 7. Elution was done with a zero 
to 1.0 M KC1 gradient, and the esterase peak was eluted
Table 1
Purification of Nocardial Esterase
Preparation Total
Volume
(ml)
Total
Protein
(mg)
Total Specific
Units Activity
(units/mg)
Yield Purification
%
(1) Crude Cellular Extract 1100
(2) MnCl2 Supernatant 1120
(3) Ammonium sulfate
30-70 % Precipitate 254
(4) Ammonium sulfate
40-60 % Precipitate 113
(5) DEAE Columns 431
(6) Ammonium sulfate
40-60 % Precipitate 32
(7) Preparative Gel
Electrophoresis 381
26,620 
23,072
15,850
7,774
2,340
1,329
194
1,064,800  
1, 022,090
874, 898
735,462
660,445
544,839
214,667
40
44
55
95
282
410
1104
100. 0 
96. 0
82.2
69. 1 
62. 0
51.2
20 . 2
1. 1
1.4
2.4  
7.1
10.2
27. 6
52
Fig. 7o DEAE-cellulose column chromatography of the
esterase preparation obtained from the second 
ammonium sulfate fractionation. Each fraction
contained 9.1 nil. Symbols:# # ,  absorbance
at 280 nm; ■ ---#  , esterase specific activity;
  —  , KC1 gradient.
FRACTIO
N 
N
U
M
B
ER
o r
S P E C I F I C A C T I V I T Y  
§
01 k
M KCI
280
54
between 0.42 and 0.52 M KC1. The specific activities 
shorn on Fig. 7 are based on protein approximations from 
readings of absorbance at 280 run. The pooled fractions 
under the activity peak had a specific activity of 282 
based on Lowry protein determinations. The pooled 
fractions were treated with ammonium sulfate to give a 
preparation (step 6 in Table l) with a specific activity 
of 410.
A sample of the protein from step 6 was subjected to 
a disc gel electrophoresis to determine the degree of 
purity of the preparation and to investigate the feasi­
bility of preparative gel electrophoresis as a purification 
procedure. A photograph of the stained gel is shown in Fig. 
8a. The gel contains many protein bands. The position of 
esterase activity in the sliced duplicate gel corresponded 
with the second band from the bottom of the stained gel. 
There was no other detectable esterase band on the gel.
The esterase in the gel slices was not quantitatively 
assayed, but the results of the spot test gave no indication 
that the esterase had been inactivated by gel electro­
phoresis. The stained gel showed that the esterase band 
was separated from neighboring protein bands. Together, 
the results given above suggested that isolation of the 
esterase by preparative disc gel electrophoresis was 
feasible.
Fig. 8. Polyacrylamide disc gel electrophoresis. Gel 
a contains protein from step 6 in the purifi­
cation procedure (Table 1). The second band 
(arrow) from the bottom of the gel contains 
the esterase. Gels b, c, and d contain 
respectively protein from fractions 21, 27, 
and 33 of the Polyprep effluent (Fig. 9).
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The results of preparative disc gel electrophoresis 
of protein (84 mg) from step 6 in the purification pro­
cedure are shown in Fig. 9. The tracking dye was eluted 
in fractions 9 through 15. The esterase activity peak 
consisted of fractions 21 through 55. The specific activi­
ties recorded on Fig. 9 were based on Lowry protein 
determinations.
Fractions 21, 27, and 55 of the Polyprep effluent 
were dialyzed and lyophilized with no loss in specific 
activity. Protein from each of these fractions was sub­
jected to disc gel electrophoresis to determine the purity 
of the esterase in the fractions under the activity pefik. 
Photographs of the three gels are shown in Fig. 8. Gels 
b, c, and d contain protein from fractions 21, 27, and 55 
respectively. The band pattern shown in these gels is 
typical of that produced in gels by an aggregating protein 
(42); however, before the gels could be used as evidence 
for aggregation, it was necessary to demonstrate that ohe 
protein producing the pattern was pure.
The fractions of Polyprep effluent under the activity 
peak were pooled, and a sample of the combined protein was 
subjected to SDS-polyacrylamide gel electrophoresis. A 
photograph of the gel is shown in Fig. 10 (gel a). The gel 
contains a single band, demonstrating the homogeneity of 
the esterase. The presence of a single band also shows
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Pig. 9. Preparative polyacrylamide disc gel electro­
phoresis of partially purified esterase.
Protein (8^ mg) from step 6 in the purification 
procedure (Table 1) was layered on the gel.
Each fraction contained 50 drops (about 2.2 ml).
Symbols: O O  * absorbance at 280 nm; □  □  ,
esterase specific activity.
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Fig. 10. SDS-polyacrylamide gel electrophoresis.
Gel a contains protein from pooled fractions 
21 through 33 of the Polyprep effluent, the 
fractions under the esterase activity peak.
A single hand is present on the gel. Gel b 
is one of the gels used to determine the 
polypeptide molecular weight of the esterase. 
Sequentially from the top of the gel, the 
protein bands are bovine serum albumin, 
ovalbumin, nocardial esterase, chymotryp- 
sinogen A, and ribonuclease A.
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that the multiple bands on the disc gels (Fig. 8, gels 
b,c,d) were due to aggregation of the esterase and not to 
impurity.
A 27.6-fold purification (Table 1) resulted in a 
homogeneous esterase preparation; therefore, about 3.5<
(100 x 1/27.6) of the protein in the crude cellular ex­
tract was the esterase. This percentage can also be 
calculated from the figures in Table 1 which show that 
C.7^ of the total protein yielded 20.24 of the total 
units in the crude extract.
III. Characterization of Nocardial Esterase 
Molecular Weight
The polypeptide chain molecular weight of the esterase 
was determined by SDS-polyacrylamide gel electrophoresis.
The homogeneous esterase and four standards were applied in­
dividually or mixed on the gels. Gel b in Fig. 10 was one 
of the gels that contained a mixture of the five proteins. 
Relative electrophoretic mobilities were calculated with 
measurements obtained from this and other gels. Figure 11 
is a plot of the relative mobility of each standard versus 
the logarithm of its polypeptide molecular weight. The 
relative mobility of the esterase corresponds to a poly­
peptide molecular weight of 39#500 on the curve.
63
Fig. 11. Determination of the polypeptide molecular 
weight of the esterase by SDS-polycrylaraide 
gel electrophoresis. The points on the curve 
are 1, bovine serum albumin; 2, ovalbumin;
3, nocardial esterase; chymotrypsinogen A; 
and 5i ribonuclease A.
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A molecular weight of 84,000 was estimated by sucrose 
density gradient centrifugation of partially purified 
esterase (step 6 in Table l). Hemoglobin was the standard. 
Figure 12 is a plot of the data obtained from the fraction­
ations and analyses of the two gradients. Specific 
activities of the esterase were based on protein approxi­
mations by absorbance at 280 nm.
Together, the polypeptide molecular weight of 59,500 
determined by SDS gel electrophoresis, the presence of a 
single band on the SDS gel containing the esterase, and 
the molecular weight of 84,000 estimated from sucrose 
density gradient centrifugation indicate that the nocardial 
esterase is composed of two subunits of equal molecular 
weight.
Effect of esterase concentration on reaction velocity 
Several different concentrations of esterase were 
assayed with 6,7 x 10“5 M PNPA as the substrate. The data 
are plotted on Fig. 15* Velocity increased in a linear 
manner with increasing enzyme concentration.
The homogeneous esterase was not used in this experi­
ment or in the experiments described below. The prepa­
ration used had a specific activity of 1000 (100 less than 
the homogeneous preparation in the same assay system), and 
a minor contaminating band was present in SDS gels prepared
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Fig. 12. Sucrose density gradient centrifugation of 
partially purified esterase and hemoglobin 
for molecular weight estimation. Ten-drop 
fractions were collected from each gradient
and analyzed. Symbols: o -  O j esterase
specific activity; O' - O  , A28o frac,tions
from gradient containing esterase; □ ----□  ,
A406 of frac‘fcions from gradient containing
hemoglobin.
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Fig. 13. Effect of esterase concentration on reaction
velocity. The substrate was 6.7 x 10”5 M PNPA. 
The values shown are for a 1-ml reaction mixture.
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with the enzyme preparation.
Stability of nocardial esterase solutions
Esterase solutions were not stable to freezing and 
thawing; but, unless they were very dilute (less than 4.6 
ug protein/ml), the solutions could be stored in the cold 
for long periods of time without loss of activity. An 
esterase solution containing 46 ug protein/ml was stored 
at 0-4 C for one year with no detectable inactivation. 
However, a dilution of this preparation maintained at the 
same temperature and containing 0.46 ug protein/ml lost 18^ . 
of the activity in 5 hr and 25^ in 20 hr after dilution.
Effect of pH on reaction velocity
Table 2 gives the velocities obtained with 18.4 ng 
of enzyme protein in 2.5-ml reaction mixtures at pH values 
between 6.5 and 9.0. The substrate was 6.67 x 10“4 M 
PNPA. The esterase exhibited a broad pH optimum between 
7i5 and 9.0. It was not possible to measure enzymatic 
reaction rates at pH values higher than 9.0 because 
chemical hydrolysis of PNPA is very rapid in basic 
solutions.
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Table 2
Effect of pH on Reaction Velocity
pH
Buffer 
(0.1 M)
Velocity
(umoles/min)
6.5 phosphate 0.028
7.0 phosphate 0.029
7.5 tris 0.030
8.0 tris 0.030
8.5 tris 0.032
9.0 tris 0.030
Substrate specificity
The purified nocardial acetylesterase was assayed for 
activity with a number of different substrates. The results 
are presented in Table 3 as relative specific activities.
The specific activity with PNPA as the substrate was 
taken as 100. The specific activity of the esterase was 
l&d, higher with PNPA than with ethyl acetate or methyl 
acetate as the substrate. There was no detectable enzymatic 
hydrolysis of the other substrates during an incubation 
period of 1 hr with 10-fold more enzyme than that used in 
the assay system containing methyl acetate.
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Table 5
Hydrolysis of Different Substrates 
by Nocardial Acetylesterase
Substrate Concentration Enzyme Relative
(M) (ug/ml) Specific
Activity
]D-Nitrophenyl acetate 6.7 X 10"4 0.007^ 100
Ethyl acetate 2.0 X 10 “3 0.025 84
Methyl acetate 1.5 X 10 "2 0.42 84
N-Benzoyl-L-arginine 
ethyl ester (TRY) 2.5 X 10~4 4.6 0
N-Benzoyl-L-tyrosine 
ethyl ester (BTEE) 5.0 X 10"4 4.6 0
y -Butyrolactone 1.5 X 10~2 4.6 0
e-Cap rolact one 1.5 X 10"2 4.6 0
p-Nitrophenyl phosphate 8.0 X 10“3 4.6 0
£-Nitrophenyl sulfate 8.0 X 10“3 4.6 0
Acetamide 4.0 X 10"2 4.6 0
N-Glycylglycine 1.6 X 10"1 4.6 0
Kinetic constants
Figure 14 is a Lineweaver-Burk plot of acetylesterase 
activity with PNPA as the substrate in the concentration 
range of 1.6 x 10“5 to 6.7 x 10“4 M. The apparent 
Michaelis constant (K^) calculated from this plot was
Pig. l4. Lineweaver-Burk plot of nocardial esterase 
activity with PNPA as the substrate. PNPA 
concentrations are expressed in umoles/ml, 
and the enzyme concentration was 7.5S ng/ml. 
The points are experimental data, and linear 
regression analysis with a correlation co­
efficient (r) of 0.99975 was used to construct 
the solid line.
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6.7 x 1CT5 M, and the maximum velocity (V) calculated 
was 1,225 umoles/min/mg protein. The enzyme concen­
tration was 7.56 ng/ml. Based on a molecular weight of 
80,000 and the presence of one active site in each sub­
unit of the enzyme, a crude approximation of the turnover 
number is 49,000/min. If there is a single active site 
in the dimer, the turnover number is approximately 
98,000/min.
Figure 15 is a Lineweaver-Burk plot of nocardial 
esterase activity with ethyl acetate as the substrate in 
the concentration range of 5.0 x 10~5 to 2.0 x 10~3 M.
The apparent Km calculated from this plot was 5.6 x 10”4 M, 
and the V calculated was 1,026 umoles/min/mg protein. 
Assuming two active sites per enzyme molecule, an approxi­
mation of the turnover number is 4l,000/min.
Inhibition studies
The results of esterase assays in the presence of a 
number of inhibitors are presented in Table 4. The ester­
ase concentration in the assay system was 8.0 ng protein/ml, 
and 4.0 x 10“4 M PNPA was the substrate. There was no 
significant inhibition by organophosphates or the other 
inhibitors for the concentrations used. Tri-o-cresyl 
phosphate was used at 5.15 x 10“5 M; but the resulting assay 
mixture was cloudy, and valid data could not be obtained.
Pig. 15. Lineweaver-Burk plot of nocardial esterase
activity with ethyl acetate as the substrate. 
Ethyl acetate concentrations are expressed in 
umoles/ml, and the enzyme concentration was 
25 ng/ml. The points are experimental data, 
and linear regression analysis with a corre­
lation coefficient of 0.99067 was used to 
construct the solid line.
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Table 4
Effect of Inhibitors on Nocardial Esterase Activity
Inhibitor Concentration Inhibition
(M) 4
Tri-£-cresyl phosphate 3.2 X 10~6 0
Diisopropyl fluorophosphate 2.7 X 10 “3 19
2.7 X 10"4 0
Bi s (£-ni t ropheny 1 pho sphat e) 1.5 X 0
t .t* 0
]D-Nitrophenyl phosphate 1.0 X 10-3 0
Eserine sulfate 1.0 X 10 "3 25
1.0 X 10“4 0
Sodium arsanilate 2.0 X 10 ”3 0
2.0 X 10“4 0
NaF 1.0 X 10“2 28
1.0 X 10 “3 5
Phenylmercurie acetate 1.7 X 10’4 12
1.7 X 10"5 0
p-Chloromercuribenzoate 
(Na salt) 1.0 X 10 “3 11
CaCl2 2.0 X 10 “3 0
CoCl2 1.0 X 10“3 9
MnCl2 1.0 X 10”3 0
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Esterase activity was inhibited 41$ in the presence 
of 4.5 x 10“3 M 2-butanone, a growth substrate which in­
duces the esterase. With 0.2 and 0.5 M methanol, 15$ and 
55$ activation, respectively, was observed. The effect 
of other alcohols on nocardial esterase activity is given 
in Table 5. 2-Butanol and primary alcohols with a chain 
length of four or more carbons inhibited esterase activity 
significantly.
Figure 16 is a series of Lineweaver-Burk plots of 
esterase activity in the presence of different concentra­
tions of 5-methyl-1-butanolo The assay system contained 
7.56 ng protein/ml. Both the slopes and the 1/v intercepts 
changed with changing inhibitor concentration. Although 
all of the curves do not intersect on the abscissa, linear 
regression analyses showed that the values of both the 
intercepts and the slopes have a linear relationship to 
the inhibitor concentration. Figure 17 is a replot of 
1/v intercepts versus 5 -methyl-1-butanol concentration.
The calculated from this plot was 1.0 x 10-3 M. A 
linear regression analysis of the slopes (Fig. 16) and the 
corresponding alcohol concentrations gave 1.1 x 10”3 M as 
the PL, showing that the IL for the slopes was approximately 
equal to the IL for the intercepts.
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Table 5
Effect of Alcohols on Nocardial Esterase Activity
Alcohol Concentration Inhibition
(M) «
Ethanol l .4 X 10”1 0
2.7 X 10”1 21
1-Propanol 5.2 X 10 "3 27
2-Propanol 5.2 X 10 ”3 11
2-Methyl-1-p ropanol 1.1 X 10 "3 50
2,2-Dimethyl-1-p ropanol 1.8 X 10"3 0
1-Butanol 2.2 X 10 ~3 74
2-Butanol 4.4 X 10 "3 59
3-Methyl-1-butanol 7.3 X 10“4 78
2-Methyl-1-butanol 9.5 X 10~4 86
2-Methyl-2-butanol . 00 X 10 ~3 17
1-Pentanol 7.4 X O
1
75
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Fig. 16. Inhibition of nocardial esterase activity by 
3 -methyl-1-butanol. PNPA concentrations are 
expressed as umoles/ml, and the enzyme 
concentration was 7.36 ng/nl. The points 
are experimental data, and linear regression 
analyses with r-values greater than 0.997 were 
used to construct the solid lines. Molar 
concentrations of 3-methyl-1-butanol were zero,
■  m  ; 7.34 X 10"5, A ----- A ;  1.47 x 10“4,
O --- — O  ; 7.34 x 10“4, ▲ ---▲  ; and 3.67 x 10"3 ,
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Fig. 17. Replot of 1/v intercepts vs.concentration of 
3-methyl-1 -butanol for dalSa in Fig. 16.
Linear regression analysis with an r-value of 
0.99955 was used to construct the solid line.
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Induction of acetylesterase
The induction of nocardial esterase by 2-butanone 
with time is shown in Fig. 18. Whole cells were assayed 
for esterase activity with PNPA as the substrate. There 
was no detectable growth during the 6 hr of the; experiment. 
The sample taken at zero time (before 2-butanone was added) 
had a specific activity of 0.05 units/mg cells (dry wt). 
After the first 25 min in the presence of 2-butanone, 
esterase activity increased with time; and, after 6 hr, 
the specific activity of the cells was J,1. At this time, 
however, the cells are not fully induced. Cells cultured 
on 2-butanone for 24 hr had a specific activity of 27.
In preliminary tests of the induction experiment, 
fully induced cells were treated with CTAB (cetyltri- 
methylammonium bromide) to make them permeable to the 
substrate. The treated cells exhibited no esterase 
activity against PNPA, and 4.4 x 10”3 M CTAB completely 
inhibited the purified esterase; therefore, untreated 
whole cells were assayed. The results showed that it is 
not necessary to treat the cells to make them permeable to 
PNPA. This finding suggested that the esterase may be 
located in the periplasmic space, but no further evidence 
for this location has been obtained. The esterase is
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Figo 18. Induction^,of nocardial esterase by 2-butanone 
with time'o Whole cells were assayed for 
esterase activity with <^>0 x 10”4 M PNPA as
the substrateo Symbols: O  0» mg (dry wt)
cells/ml;®  — Q, units/mg cell's (dry wt) „
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evidently not extracellular because fluids from fully 
induced cultures had a specific activity of only 0.1 
unit/mg protein.
DISCUSSION
I. Assignment of Strain LSU-169 to the Genus Nocardia
The type of morphogenesis observed in cultures of 
LSU-169 has been observed in cultures of Arthrobacter, 
Nocardia, and Mycobacterium species. According to 
Skerman (43), the developmental cycles of Arthrobacter 
and Nocardia species differ in that a definite branching 
mycelium is formed in the early stage of growth of 
Nocardia species. In practice, however, it is difficult 
to use this parameter. The mycelial stage of certain 
nocardias is transitory with septa produced almost as 
rapidly as branches are formed (44), and N. restrictus is 
reported to exhibit no lateral branching (45). Further, 
the composition of the medium has considerable influence 
on the developmental cycle and the degree of pleomorphism 
in species of Arthrobacter (46), Nocardia (47), and Myco­
bacterium (48). The mode of growth and the branching habit 
of LSU-169, both of which were revealed in carbon replicas, 
suggested that a transitory mycelial stage occurred and that 
LSU-169 could be a Nocardia species.
The ultrastructure of LSU-169 has more characteristics 
in common with organisms in the CMN group (the genera 
Corynebacterium, Mycobacterium, and Nocardia) than with
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species of Arthrobacter. The branching habit of LSU-169, 
however, ruled out the genus Corynebacterium. Lipid granules 
and metachromatic granules associated with mesosomes (see 
I, Pig. 5) are characteristic cellular inclusions of the 
CMN group (49); however, these inclusions are also found 
in species of Arthrobacter (40, 50). The mesosomes ob­
served in cells of LSU-169 were not large and complex but 
had an appearance similar to those shown in thin sections 
of nocardial cells that had been grown in a defined medium 
(40, 47) or in a yeast extract medium (45). According to 
Parshtchi and McClung (4o), the mesosomes of mycobacteria 
are more complex than those of nocardias. The mesosomes 
shown in electron micrographs of A. pascens were very 
large and complex (51).
Beaman (47) found that coccoid cells of a Nocardia 
species developed thickened cell walls, and Adams and 
McClung (44) observed with light microscopy that coccoid 
cells and originating cells of Nocardia species stained 
darker than young filamentous cells. The coccoid form of 
LSU-169 has a cell wall which is thicker than new branches.
The cell wall of LSU-169 has a loosely bound outer 
layer (sheath, Pig. 5) which is like that observed in 
sectioned cells of mycobacteria, corynebacteria (49), and 
nocardias (40, 45, 47, 52). This cell wall layer was not 
present in thin sections of Arthrobacter cells (59, 51, 53).
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Resistance to lysozyme has been reported for several 
species of Nocardia and Mycobacterium (54). The cells of 
LSU-169 were lysozyme resistant; however, the purified cell 
walls were very sensitive to lysozyme (F. W. Forney, un­
published data). Beaman, Kim, Salton, and Barksdale (55) 
reported that the alkaline ethanol extraction of cells of 
N. rubra, a step in the purification of the cell walls, 
removed lipids and lipid-associated amino acids from the 
cell walls. One or both of these components, which occupy 
a position superficial to the basal peptidoglycan layer in 
cells of the CMN group, may be responsible for the re­
sistance of LSU-169 to lysozyme.
The possibility that LSU-169 is an aberrant Arthro­
bacter species was ruled out by the cell wall composition 
of LSU-169 determined by Eubanks, Forney, and Larson (7).
The major conq>onents of the purified cell wall were alanine, 
glutamic acid, glucosamine, diaminopimelic acid (DAP), 
arabinose, and galactose. DAP was the only diamino acid 
detected, and the LL-isomer of DAP was absent. Cell walls 
of Arthrobacter species contain LL-DAP or L-lysine but not 
meso- or DD-DAP (56). The cell walls of all Arthrobacter 
species examined by Cummins (57) contained galactose but 
no arabinose.
The sugar pattern characteristic of cell walls in 
the genus Nocardia is the presence of arabinose and
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galactose and the absence of xylose (58). Species of 
Nocardia and Mycobacterium have type IV cell walls: they 
contain meso-DAP, arabinose, and galactose (59). These 
two genera cannot be differentiated by cell wall composi­
tion, but they can be differentiated by the norcardic or 
mycolic acids (a-branched, 3-hydroxylated fatty acids) 
which are present in the outer layer of the cell envelope 
(60). Mycolic acids have carbon skeletons of about 80 
carbon atoms, and nocardic acids have about 50 carbon 
atoms.
Kanetsuna and Bartoli (25) devised a simple method 
to differentiate between mycolic and norcardic acids.
Their method is based on differences in solubilities of 
the two extracted fatty acids in ether-alcohol solutions 
and differences in the melting points of the resulting 
precipitates. The yield of precipitated fatty acids from 
cells of LSU-169 (0.7 mg/g cells) was typical of the yield 
obtained from Nocardia species. The melting range of 65 
to 68 C found for the nocardic acids from LSU-169 was 
lower than the 77 to 150 C found for the nocardic acids 
examined by Kanetsuna and Bartoli (25).
Based on the developmental cycle, morphology, ultra­
structure, resistance to lysozyme, cell wall composition, 
and nocardic acids, strain LSU-169 was assigned to the 
genus Nocardia.
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II. Properties of Nocardial Acetylesterase 
Molecular properties
The nocardial esterase has a molecular weight of 
about 80,000 and moved very rapidly toward the anode in 
side gels, indicating that the enzyme is an acidic protein. 
The esterase consists of two subunits. The dimer is an 
active form as shown by the esterase activity in the 
portion of the sucrose gradient corresponding to a mole­
cular weight of about 84,000. There is some evidence that 
the monomer either is not active or is rapidly inactivated: 
treatment with 2-mercaptoethanol destroyed the activity, 
and the esterase is inactivated by extreme dilution. The 
nocardial esterase aggregates, but there is no evidence 
showing which, if any, of these forms are active.
There appears to be only one report of aggregation by 
a bacterial esterase in the literature. Millet (61) par­
tially purified an extra-cellular esterase from Bacillus 
subtilis and obtained 3 esterase peaks from a DEAE-Sephadex 
column. She suggested that the separate peaks were due to 
aggregation because the protein from the pooled fractions 
■under the peaks gave a single peak of activity from a G--200 
Sephadex column. A molecular weight was not reported for 
the enzyme. The esterase which Higerd and Spizizen (62) 
purified from B. subtilis was active as a tetramer and had 
a molecular weight of 130,000. A molecular weight of
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133,000 was reported for an esterase from B. cereus, but 
the subunit structure of the enzyme was not investigated 
(63)o The inducible esterase purified from Pseudomonas 
cepacia by Shum and Markovetz (10) has a molecular weight 
of only 34,000, and it may be a monomer.
Mammalian carboxylesterases from different sources 
have similar molecular weights of about 165,000 and appear 
to be tetramers (64). Barker and Jencks (65) found that 
both the tetramer and the dimer of pig liver esterase were 
active, but the monomer was not; the tetramer contained only 
two active sites. Ecobichon (66) reported that the cyto­
plasmic esterases from several different mammalian sources 
aggregated after the purification and storage. Aggre­
gation was not detected in crude extracts or in dilute 
solutions of purified esterase. Ecobichon did not, how­
ever, obtain on starch gels the multiple foms of aggre­
gates like those which were obtained on disc gels of the 
nocardial esterase.
Catalytic properties
The nocardial esterase and an esterase from P. cepacia 
are both inducible enzymes involved in methyl ketone degra- 
tion (6, 10). The apparent calculated for nocardial 
esterase with ethyl acetate, the physiological substrate, 
was 3.6 x 10~4 M. The apparent Km for the esterase of the
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pseudomonad was 2.0 x 10"5 M undecyl acetate (the natural 
substrate), and the activity of the esterase with ethyl 
acetate was only 54 of the activity observed with undecyl 
acetate as the substrate (10). No conclusions about these 
differences can be drawn, however, until the nocardial 
esterase activity is studied with long chain aliphatic 
acetyl esters.
The apparent Km for nocardial esterase activity with 
PNPA as the substrate was 6.7 x 10~5 M. Using pig liver 
esterase, Barker and Jencks observed substrate activation 
with PNPA and obtained different apparent Michaelis con­
stants (from 1 x 10”4 to k x 10-3 M) according to the 
concentration range of PNPA used. Substrate activation by 
PNPA was not observed with the nocardial enzyme, but 
methanol increased the velocity.
Greenzaid and Jencks (68) observed that methanol in­
creased the reaction velocity of pig liver esterase with 
phenyl acetate or PNPA as the substrate. These investi­
gators found that the alcohol functioned as an acyl group 
acceptor, producing an ester as the product. They also 
observed activation by the same mechanism with ethanol and 
n-butanol. Using beef liver esterase with PNPA as the 
substrate, Wynne and Shalitin (69) found that n-butanol 
was a better nucleophile than methanol.
The methanol activation observed with the nocardial
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esterase could be explained by the findings given above; 
however, it seems unlikely that the mechanism is the same 
because n-butanol in the concentrations used by the above 
investigators strongly inhibits the nocardial esterase. 
Further, the pig liver and beef liver esterases are serine 
enzymes, and inhibitor studies reported in Table 4 provided 
no evidence that a serine residue is involved in the cata­
lytic mechanism of the nocardial esterase.
Linear noncompetitive inhibition of the esterase by 
3 -methyl-1-butanol was found in reactions with PNPA as the 
substrate. This finding indicates that the apparent 
obtained for the esterase activity with PNPA can be con­
sidered an inverse affinity constant for PNPA with the 
esterase.
Noncompetitive inhibition indicates either that the 
inhibitor binds an enzyme form other than the form which 
the substrate binds, with a reversible step between the two 
enzyme forms, or that the inhibitor binds the same form as 
the substrate but at a different site. Since alcohols are 
products of esterase reactions, the latter possibility 
seems more likely if the nocardial esterase hydrolyzes the 
substrate by a ping-pong mechanism. In the assay system, 
there are two substrates, ester and water, with water in 
large excess. In a ping-pong mechanism, the ester would 
bind the free enzyme; and the alcoholic product and water
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would bind the acylated enzyme. The presence of excess 
water, however, would create an irreversible step between 
the two enzyme forms; and the product would not inhibit 
the reaction. Since inhibition decreased with increasing 
polarity of the alcohol used, the binding site is probably 
a hydrophobic area of the enzyme.
Although the physiological substrate of the nocardial 
esterase is known to be ethyl acetate, esterases (Ec.5,1.1-) 
frequently exhibit broad substrate specificities (64), and 
sometimes the only absolute specificity is that there must 
be a doubly bonded oxygen on the atom at which cleavage 
occurs (70), No hydrolysis of phosphates, sulfates, amides, 
or peptides by the esterase was detected. The phosphate and 
the sulfate were analogs of PNPA which is an excellent sub­
strate for the esterase. The nocardial esterase is evi­
dently specific for certain carboxylate esters only: TRY 
and BTEE, carboxylate ester substrates for trypsin and 
chymotrypsin respectively, were not hydrolyzed, Norris and 
Trudgill (22) reported an inducible nocardial lactone 
hydrolase involved in a pathway of cyclic ketone degrada­
tion which is analogous to that of methyl ketone degradation. 
The nocardial esterase from LSU-169 does not hydrolyze 
lactones; therefore, the two nocardial hydrolases are 
different enzymes.
Because of its physiological role, the nocardial
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enzyme was classified as an acetylesterase (EC.3.1.1.6), 
and the esterase also fits Holmes and Masters' (71) 
criteria for acetylesterases0 The esterase is not in­
hibited by organophosphates, eserine sulfate, or 
sulfhydrjrl reagents; and the enzyme does not hydrolyze 
organophosphates. This classification scheme does not 
hold true for the inducible acetylesterase studied by 
Shum amd Markovetz (10) because their esterase is in­
hibited by organophosphates and would be erroneously 
classified as a carboxylesterase. The possibility that 
the nocardial esterase might be a lipase was ruled out by 
Desnuelle's (72) definition that true lipases are unable 
to attack substrate molecules fully dispersed in water.
Physiological role
The demonstration that the acetylesterase is not 
present in succinate grown cells and that it increases 
with time in cells in the presence of 2-butanone strongly 
indicates that the esterase is inducible and involved in 
the pathway of 2-butanone cataoolism. The induction of 
esterase by 2-butanone furnishes additional evidence that 
ethyl acetate is an intermediate in 2-butanone degradation.
The pathway of 2-tridecanone catabolism by P. cepacia 
also involves an acetyl ester and an inducible acetyl­
esterase, but the enzyme is very different from the
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nocardial esterase. The esterase from the pseudomonad is 
particulate, and the activity is inhibited by organo­
phosphates and sodium arsanilate (10). The nocardial 
esterase is not particulate and not sensitive to these 
inhibitors.
The possibility exists that the nocardial esterase is 
located in the periplasmic space. After induction, un­
treated whole cells exhibited a specific activity of 27 
units/mg cells; and the specific activity of crude extracts 
of induced cells was 40 units/mg protein. These two values 
compare favorably because the specific activity of 27 is 
based on the entire dry weight of the cell, not protein 
only.
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